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1. Introduction

Cytochrome oxidase catalyzes the reduction of dioxy-
gen to water with electrons from ferrocytochrome ¢. This
reaction serves as one of the coupling sites of the respira-
tory chain where the energy of the redox reaction is
conserved as an electrochemical proton gradient (see Wik-
strom et al. for review [1] for review). The mechanisms
underlying the fast reactions of cytochrome oxidase, oxy-

Abbreviations: Cu,, copper A; Cug, copper B; a’*, reduced cy-
tochrome a ; a**, oxidized cytochrome a ; a3*, reduced cytochrome as;
a3*, oxidized cytochrome a,; TRIR, time-resolved infrared; TR, time-
resolved resonance Raman; TRMCD, time-resolved magnetic circular
dichroism; TROA, time-resolved optical absorption.
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gen activation, electron transfer, and coupling of electron
transfer to proton translocation, remain a major challenge
in the field of bioenergetics [2-8]. A complete elucidation
of the mechanisms of these reactions will require not only
detailed knowledge of the static structure of cytochrome
oxidase, but an understanding of the structural changes that
occur as the protein carries out its function. Various time-
resolved spectroscopic techniques can probe the temporal
evolution of protein structure during turnover conditions
and recent advances in these techniques have significantly
expanded our knowledge of many fast biological reactions,
including those of cytochrome oxidase [8—17]. The appli-
cation of site-directed mutagenesis to bacterial quinol and
cytochrome ¢ oxidases, in combination with spectroscopic
techniques, has also led to important insights into the
structure and function of the heme-copper oxidases [18-
271.
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The reaction of cytochrome oxidase with O, is usually
studied by the flow-flash technique developed by Gibson
and Greenwood [28,29], which involves the photodissocia-
tion of CO from the reduced cytochrome a, in the pres-
ence of O,. Transient optical absorption studies have
provided information about the kinetics of the internal
electron transfer processes [10,13,16,17,28—34), and more
recently, proton uptake [35-41]. Low-temperature optical
absorption and EPR trapping experiments [42-47] and
time-resolved resonance Raman (TR?) studies [11,14,48—
52] have yielded useful information about the transient
intermediates generated during the dioxygen reduction re-
action. Other probes of cytochrome oxidase dynamics
include time-resolved infrared (TRIR) [8,9,53-56] and
time-resolved magnetic circular dichroism (TRMCD)
{12,57,58] spectroscopies. Based on these studies, various
models of the mechanism of the dioxygen reduction and
the redox-linked proton translocation have emerged [2,5—
8,16,17,55,59-61].

Despite considerable progress, significant questions re-
main. What is the exact nature of the metal-dioxygen
interactions and how does O, activation occur? What
factors control the rates of electron transfer and the uptake
of scalar protons during the dioxygen reduction? How is
electron transfer coupled to proton translocation? The pri-
mary focus of this review will be time-resolved spectro-
scopic studies of cytochrome oxidase as they relate to
these questions. Experimental details will not be covered
here but have recently been summarized by Woodruff et
al. [8]. The emphasis will be on the enzyme isolated from
bovine heart, but relevant studies on other heme-copper
oxidases will be described as well.

2. Structure and function

Cytochrome oxidase is the terminal oxidase of cellular
respiration, catalyzing the reduction of dioxygen to water
by cytochrome c in all eukaryotes and many prokaryotes
(see Wikstrom et al. and Saraste [1,62] for reviews). The
enzyme plays a key role in the energy transduction in
mitochondrial respiration, being responsible for over 90%
of aerobic metabolism [63]. The energy derived from the
reduction of dioxygen to water is conserved by the genera-
tion of a transmembrane proton gradient. This is accom-
plished by two means. The four protons required for the
oxygen reduction are consumed from the inner (matrix)
side of the membrane [64], and an additional four protons
are pumped from the inside to the outside as the electrons
pass through the enzyme [65]. The energy of the gradient
is subsequently used by the cell to synthesize ATP [66].

The mammalian cytochrome oxidase contains at least
thirteen different subunits [67] of which the three largest
ones are coded by mitochondrial DNA and the remainder
by nuclear DNA. The details of the structure and mem-
brane topology of the subunits have been reviewed re-

cently [62,68-70]. The enzyme contains two heme A
chromophores (cytochromes a and a,) and at least two
redox active coppers (Cu, and Cuy) coordinated to the
protein. Heme A differs from heme B in that it contains a
formyl group in position 8 and a farnesyl tail of unsatu-
rated isoprenoid groups in position 2 [71]. The function of
the farnesyl chain is unknown, but it has been suggested to
play a structural role in orienting the heme within the
protein, act as an electron transfer wire between cy-
tochrome a; and Cug [71], or play a role in proton
translocation [12]. The bovine heart enzyme also contains
one zinc and one magnesium atom [72,73], both of un-
known function. EXAFS studies have suggested that the
zinc is in a tetrahedral environment, coordinated mostly by
sulfur ligands [74).

A third copper, Cu,, has recently been shown to be an
integral component of cytochrome oxidase from a variety
of species [73,75-80]. This observation, together with
spectroscopic evidence [81-83], suggests that Cu, forms a
mixed-valence dimer in the oxidized enzyme, Cu(1.5)-
-+« - Cu(1.5), with absorbance, EPR and magnetic circular
dichroism spectra similar to that of nitrous oxide reductase
(N,OR), a multicopper enzyme [81-85]. The amino acid
sequence of the N,OR C-terminus is homologous to the
Cu ,-domain of subunit II of cytochrome oxidases [86], and
recent phylogenetic studies indicate that cytochrome oxi-
dases evolved from the denitrification enzymes and thus
may have acquired their Cu, binuclear center from N,OR
[87]. Subunit II of cytochrome bo from E. coli also
contains the same domain but lacks Cu, [88,89]. Recent
experiments on an engineered Cu ,-like site in subunit II of
cytochrome o from FE. coli and on the Cu,-binding do-
mains of cytochrome ¢ oxidase from Paracoccus denitrifi-
cans and the caa,-type oxidase from Bacillus subtilis,
support the conclusion that Cu, is a mixed-valence binu-
clear copper center [89-91].

Because high-resolution X-ray studies of cytochrome
oxidase are lacking, structural information on cytochrome
oxidase is limited to 7 A [92,93]. However, electron
microscopic examination of two-dimensional crystals of
cytochrome oxidase has provided information regarding
the overall shape of the oxidase molecule and its position
in the membrane [94-96]. Crosslinking and chemical label-
ing studies have yielded additional insight into the relative
arrangements of the subunits within the enzyme [95].
Spectroscopic evidence, hydropathy plots, and recent site
directed mutagenesis studies have established the locations
of the metal centers and their respective ligands (see
below). Distances between the redox centers have been
obtained by various spectroscopic techniques [97-102].

Cytochrome oxidase belongs to a family of related
enzymes of which several members are found in the cell
membrane of aerobic bacteria [62,103—107]. Bacterial oxi-
dases are significantly simpler in composition, containing
three subunits with strong homology to subunits I, II and
III of eukaryotes. Some of the bacterial oxidases contain
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heme A as a prosthetic group and cytochrome ¢ as a
substrate, but in others heme A has been replaced by a
different heme. In cytochrome ba, from Thermus ther-
mophilus, the low-spin heme a has been replaced by a
protoheme but both Cu, and Cuy, are still present [108]. In
cytochrome bo the heme at the binuclear site is heme O
which has the same structure as heme A except for a
methyl group in place of the formyl group [109,110]. In
this enzyme and cytochrome aa,;-600 from Bacillus sub-
tilis and cytochrome aa, from Sulfolobus acidocaldarius
[111], the electron donor is ubiquinol rather than cy-
tochrome ¢ and these enzymes lack Cu,. Rhodobacter
capsulatus [112] and Rhodobacter sphaeroides [113] have
recently been shown to contain an alternative cb-type
cytochrome ¢ oxidase which contains a high-spin heme B
at the binuclear center. This oxidase contains Cuy but
lacks Cu,. A similar, if not identical, enzyme in Paracoc-
cus pumps protons [114], indicating that the farnesyl chain
may not have a role in proton translocation as previously
suggested [12]. Therefore, the common feature of the
heme-copper oxidases is a binuclear center located in
subunit I, containing a high-spin heme and Cuy. Further-
more, all are able to function as redox-linked proton
pumps, suggesting that the binuclear center is the site of
the proton pump. This issue will be discussed in more
detail in the section on Proton pumping.

3. Spectroscopic properties

Optical absorption spectra of bovine heart cytochrome
¢ oxidase. The complex oxidation-reduction system of
cytochrome ¢ oxidase has been studied by various spectro-
scopic techniques, the most common of which is optical
absorption spectroscopy [1,115]. Fig. 1 shows the spectra
of oxidized, fully reduced, mixed-valence-CO and fully
reduced CO-complexes of bovine heart cytochrome ¢ oxi-
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Fig. 1. Optical absorption spectra of oxidized (—), mixed-valence CO
(----- ), fully reduced (- —-), and fully reduced CO complex (= - - -« - -).
Concentrations were : (A) 13 uM, (B) 17 uM and (C) 180 uM in
cytochrome oxidase. The pathlength was 0.4 cm for the Soret region and
1 cm for the visible and the near-infrared regions. In the near-infrared
region, the spectrum of the mixed-valence CO complex was up-shifted
0.133 absorbance units. Conditions: 0.1 M phosphate buffer; pH = 7.4;
temperature 24° C. The concentration of CO for the CO complexes was 1
atm,

dase in the Soret, visible and near-infrared regions. The
0-0 m— 7" transition leads to an intense band in the
Soret region between 400-450 nm and a less intense band
in the visible region, the a band, centered around 600 nm.
A weaker side-band, the 8 band, is observed at ~ 560 nm
in the visible region and is due to a 0—1 vibronic transi-
tion.

The two hemes have strongly overlapping bands, which
has made assignment to individual hemes difficult. Using
the photochemical action spectrum of the cytochrome a,-
CO complex and the spectra of ligand-bound derivatives
(CN~ and CO), Vanmneste [116] deconvoluted the
reduced-minus-oxidized difference spectra of the individ-
ual hemes and their absolute spectra. The constructed
spectra suggest that the two cytochromes have about equal
contributions to the 445 nm band in the fully reduced
enzyme whereas the absorbance of the reduced cy-
tochrome @ dominates (~ 80%) at 605 nm (Fig. 1). The
broad band at ~ 420 nm in the oxidized enzyme is a
composite of two absorption bands at ~ 414 nm and
~ 426 nm, attributed to cytochrome a, and cytochrome a,
respectively [116]. The presence of these two bands has
also been observed by second derivative spectroscopy
[117].

The ligand-inhibition spectral procedure assumes that
no spectral interactions exist between the redox centers
[116] (an assumption not strictly valid [118,119]) and also
ignores any possible contributions from the oxidized cop-
pers in the Soret and visible regions. Although no optical
absorption due to Cuy has been reported, low-temperature
MCD measurements have shown that Cu, has a transition
with maximum at ~ 520 nm [120-123]. We have recently
obtained evidence for an optical absorption of Cu, be-
tween 480-550 nm [119]. The visible absorption spectra of
the engineered Cu, mutant of subunit II of cytochrome o
from E. coli and the Cu, domains of cytochrome oxidase
from Paracoccus and Bacillus subtilis also have an ab-
sorbance between 480—550 nm [88-91].

In addition to the 7— 7 * transitions, the fully oxi-
dized enzyme shows a weak band at ~ 655 nm due to the
high-spin ferric cytochrome a, (Fig. 1) [124,125]. This
band has been postulated to be modulated by the redox
state of Cuy [124,126]. A band at 830 nm in the near-in-
frared region of the fully oxidized enzyme has been at-
tributed to a charge transfer transition between Cu, and a
sulfur ligand [127,128]. We recently reported a band at 710
nm (e=80 M's ') in the spectra of the fully reduced
enzyme and the fully reduced CO-bound complex [129]
which we attributed to low-spin cytochrome a (Fig. 1C). A
second band at 785 nm (e ~ 50 M~ ' cm ™ !) was observed
in the ground state spectrum of the fully reduced enzyme
and in the transient difference spectra following photodis-
sociation of the fully reduced and mixed-valence CO
complexes. This absorbance was attributed to the five-co-
ordinate ferrous cytochrome a, [129], in agreement with
previous MCD assignment of this band [130]. An analo-
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gous transition has been observed in cytochrome bo [131].
The 785 nm band was found to have some characteristics
of band II which is observed at ~ 760 nm in deoxy-he-
moglobin and deoxy-myoglobin [132].

Structure of the metal centers. Cytochrome a is low-spin
and six-coordinated in both the oxidized and reduced
forms of the enzyme as demonstrated by MCD and reso-
nance Raman spectroscopy [125,133-135]. Cytochrome a,
is considered to be high-spin both in the resting ferric state
(§=5/2) and the fully reduced ferrous state (§=2).
Cytochrome a; and Cug are in close enough proximity,
3.0-3.8 A [136,137], to be magnetically coupled (EPR
silent) by an unknown ligand in the oxidized form(s) of the
enzyme [138,139]. The identity of this ligand is unknown
but sulfur [136], chloride [137] and carboxylate [140] have
been proposed. Synthesis and characterization of an oxo-
bridged heme-copper complex displaying a strong antifer-
romagnetic coupling between the two redox centers has
recently been reported [141-143]. Although single turnover
oxidation studies of reduced cytochrome oxidase with *0O,
have provided strong arguments against an oxo bridge
derived from dioxygen [144], an oxo bridge, possibly
derived from an amino acid such as tyrosine, may be
present. The coupling between cytochrome a, and Cuy is
broken upon reduction of the binuclear site, leaving a
vacant distal site on cytochrome a, for small molecules
such as CO, NO, CN~ and O, to bind.

The binding site for Cu, is located in subunit I [88-91].
EPR and ENDOR studies have indicated that Cu, contains
at least one and perhaps two histidine ligands [145], and

HisFeHis
10-13A

one cysteine [146,147]. Recent results from biochemical
analysis, site-directed mutagenesis and electrospray mass
spectrometry on a Cu,-engineered mutant of subunit II of
cytochrome bo from E. coli support the binuclear model
of Cu, and indicate that two cysteines, two histidines and
one methionine are ligands to the two coppers [89]. Spec-
troscopic data suggest that cytochrome a is coordinated by
two histidines [148] and Cuy by three histidines
[137,149,150] and that the proximal ligand to cytochrome
a, is histidine [151]. Based on these data and sequence
homology analysis [152,153], cytochrome a,, Cu, and
cytochrome a are believed to be located in subunit I,
which based on hydropathy analysis contains 12 (I-XID)
transmembrane helices [152]. This conclusion is supported
by recent site-directed mutagenesis studies of the bacterial
oxidases, in which six conserved histidines in subunit [
were assigned to Cuy, cytochrome a, and cytochrome a
[18-24,26]. These assignments place cytochrome a, be-
tween cytochrome a and Cuy with cytochrome a, and
cytochrome a located on opposite sides of helix X, sepa-
rated by one residue [24,27]. In view of the structural
homology between the cytochrome oxidases and the
ubiquinol oxidases (see Saraste [62] and Trumpower and
Gennis [107] for reviews), the latter should be a good
model for the former. If correct, this structural arrange-
ment may have important implications for the pathway(s)
of electron transfer and control of the redox-linked proton
translocation in the heme-copper oxidases [55]. Fig. 2
summarizes our current knowledge of the structure of
cytochrome ¢ oxidase.

Fig. 2. Pictorial representation of the structural organization of cytochrome ¢ and the cytochrome oxidase monomer in the inner mitochondrial membrane.
The relative positions of some of the subunits and the redox-active metal centers are represented.



O. Einarsdéttir / Biochimica et Biophysica Acta 1229 (1995) 129-147 133
Il I 0]
K, K,
2+ + kl 2q* + kz 2+ +
a;” ,Cug” +CO :.t{a;; },CUB—CO <= a;7—CO,Cyy
k, k.,
hv

Scheme 1. The mechanism of the photodissociation and recombination dynamics of fully reduced CO-cytochrome oxidase.

4. Photodissociation and rebinding dynamics of ligand-
bound cytochrome oxidase

Carbon monoxide. Most studies of fast ligand reactions
of the heme-copper oxidases have focused on the photodis-
sociation and rebinding dynamics of carbon monoxide.
This is due to the high quantum yield of carbon monoxide
compared to other ligands such as cyanide [154], and the
fact that the CO recombination occurs on a readily observ-
able time-scale. More importantly, the flow-flash tech-
nique developed by Gibson and Greenwood [28,29] utilizes
photodissociation of CO to initiate the reaction of cy-
tochrome oxidase with O,. The physiological relevance of
the flow-flash technique is based on the assumption that
the photodissociated CO does not interfere with the dioxy-
gen reduction reaction. Therefore, it is crucial that we
understand the consequences of CO photodissociation in
order to know whether the O, reaction observed by the
flow-flash technique adequately represents the physio-
logical O, reaction that occurs in the absence of CO.
Secondly, the early events in the physiological function of
the enzyme are O,-ligation reactions, followed by subse-
quent electron transfer events. Since the CO and O, lig-
ands compete for the same binding site in cytochrome
oxidase, a better understanding of the CO binding dynam-
ics is expected to give information regarding O, binding,
the structure of the dioxygen reduction site, and the mech-
anism of the reduction of dioxygen to water.

Bovine heart cytochrome c¢ oxidase. Photodissociation
and recombination dynamics of the carbonmonoxy bovine

heart cytochrome oxidase have been studied by FTIR at
cryogenic temperatures [15,155-157] and by a combina-
tion of various time-resolved spectroscopic techniques,
including time-resolved infrared (TRIR), time-resolved op-
tical absorption (TROA), time-resolved resonance Raman
(TR?®) and time-resolved magnetic circular dichroism
(TRMCD) at room temperature {9,12,15,53,54,56,57,158—
160]. These measurements, which span the time-scales
from subpicoseconds (100 fs) to milliseconds, will be
summarized below.

Infrared spectroscopy has great structural specificity
and has been used effectively to monitor binding of lig-
ands such as CO, CN7, NO and N5 to hemeproteins,
including cytochrome oxidase [161-165]. These studies
have shown that CO binds to cytochrome a, at a site well
isolated from the external medium [161,164]. FTIR studies
of mitochondrial cytochrome oxidase preparations
[155,156] and the isolated enzyme [15] have demonstrated
that CO binds to Cuj, under cryogenic conditions (< 180
K) following CO photodissociation from cytochrome as.
Therefore, the infrared method has the unique advantage of
being able to follow species such as Cugz-CO, which are
inaccessible to other spectroscopic probes. The FTIR
method, in combination with site-directed mutagenesis
studies of cytochrome aa, from Rhodobacter sphaeroides
and cytochrome bo from E. coli, has recently proven very
useful in determining which of the six conserved histidines
in subunit I are ligands to cytochrome a, cytochrome a,
and Cuy [21-24,26,27].

In the last few years, TRIR spectroscopy has emerged

Table 1
Rate constants Equilibium constants
Scheme 1
Fully reduced ky=59-10"M 15! k_,=65-10°s"! K=k /k_ =90M!
ky=11-103s"" k_,=0023s"" Ky=k,/k_,=48-10*
Scheme 2
Mixed-valence ky=87-10"M"'s7! k, =87-10°s"! K| =ky/k,=100M™!
ky=17-105s7" kay =1.7-10*s7! Kb = kot /ky, = 10
ky=12-10%s7"! k3 =6.5-10%s7! Ky =tky/ky =18
ky=95-102s"" ky =0.023s7! K, =k /ky, =41-10%
k=495 ! kg, =113s7! K§ =k /ks, = 0.43
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as a powerful tool to probe the dynamics of cytochrome
oxidase following photodissociation of CO bound to the
fully reduced enzyme [9,12,15,53,158]. It has also recently
been used to study the CO photodissociation dynamics of
wild-type and mutant variants of cytochrome bo from E.
coli [25). The TRIR technique has shown that photodisso-
ciated CO binds to Cuj; in bovine heart oxidase on a
subpicosecond time-scale at room temperature [9,53,56],
possibly by a concerted mechanism in which the Cu;—CO
bond is formed simultaneously with the breakage of the
FeZ~CO bond [53]. Recent femtosecond UV-Vis mea-
surements have indicated that the photodissociation of CO
from cytochrome a; occurs in less than 100 fs, possibly on
the time-scale of one vibrational period of the Fe—CO
stretch, 64 fs [54].

The picosecond to microsecond kinetics of the CO
photodissociation and rebinding in fully reduced bovine
heart cytochrome oxidase have been studied by UV-Vis
spectroscopy at single wavelengths (445 and 610 nm)
[12,15], and more recently, using multichannel detection
[102,119]). The results from these studies can be summa-
rized by the mechanism in Scheme 1. The microscopic rate
constants are listed in Table 1. In the transient species
generated 40 ns after CO photolysis, CO is bound to Cug
and cytochrome a5 is in a non-equilibrium state ({a3*}"
in Scheme 1) [12,15,102,119]. The absorbance spectrum of
this species is red-shifted relative to the spectrum of the
unliganded fully reduced enzyme at equilibrium in both
the visible and Soret regions [102,119]. This transient
species, in which cytochrome a, is high-spin as shown by
TRMCD [12,57], relaxes to an intermediate with a spec-
trum nearly identical to the equilibrium unliganded en-
zyme on a microsecond time-scale (Scheme 1, intermedi-
ate II). While Brittain et al. [166] found the MCD spectra
of the CO-photolyzed cytochrome oxidase trapped at 4 K
and the equilibrium unliganded fully reduced complex
indistinguishable, room temperature TRMCD spectra do
show subtle differences between the two in both the visible
and Soret regions [57]. The TR® spectra also display
significant differences between the two forms (see below).

The nature of the structural change in cytochrome a, in
intermediate I is not known. The results from the transient
kinetics, TRIR, TRMCD and TR? studies were interpreted
by a mechanism in which an endogenous ligand L bound
to Cup is transferred (‘shuttled’) to the distal side of
cytochrome a; upon binding of the photodissociated CO to
Cup, with a simultaneous loss of the proximal histidine
[12,57]. When CO dissociates from Cuj, ligand L returns
to Cuy and the proximal histidine rebinds to the heme. The
rate-limiting step for the CO recombination with cy-
tochrome a; was suggested to be the dissociation of ligand
L. Based on these studies, a similar behavior was sug-
gested for other ligands, such as NO, and more impor-
tantly, O, [12,15]. That O, may also bind to Cuy prior to
binding to cytochrome a, has been supported by recent
flow-flash studies of the reaction of the fully reduced

enzyme with dioxygen [13,17,34]. The ‘ligand shuttle’ has
been postulated to play a role in electron transfer and in
the proton translocation mechanism of the enzyme [55]
(see below). Light-induced structural changes in cy-
tochrome oxidase have also been explained in terms of
Woodruff’s ligand shuttle model [167].

An alternative explanation for the nature of the cy-
tochrome a, transient created upon CO photodissociation
is that it reflects an unrelaxed proximal heme pocket
geometry [159,160]. The changes in the optical and
TRMCD spectra [12,15,57,102] and the shift in the reso-
nance Raman Fe-His stretch from 222 cm ™! to its equilib-
rium position at 215 cm ' on a microsecond time-scale
would consequently reflect the relaxation of the proximal
heme pocket to its equilibrium state [159,160). More direct
experimental evidence is needed to distinguish between the
two alternatives (see Section 8).

Bacterial oxidases. Comparative transient UV-Vis and
TRIR studies of the CO photodissociation and rebinding
dynamics of other heme-copper oxidases, including ¢, aa,
and ba, from Thermus thermophilus and cytochrome bo
from E. coli [8,25], suggest that all the oxidases examined
follow the mechanism in Scheme 1, where CO in solution
first binds in a pre-equilibrium with Cuy and then transfers
to cytochrome a, [55]. However, the stability constant of
the Cuy-CO complex (K, in Scheme 1) and the rate
constant for transfer of CO from Cuy to cytochrome a,
(k,) are different for various oxidases. For example, &,
and k_, are 2-10° M~ 's~! and 500 s™!, respectively,
for cytochrome bo of E. coli comparedto 6- 10" M~ s™!
and 7-10° s, respectively, for the bovine heart aa,
enzyme [8]. This indicates that the protein structure exter-
nal to the binuclear site may regulate ligand entry into the
site [25].

Other ligands. Whether the ligand shuttle model is
applicable to other ligands, such as NO, CN™ and O,
remains to be proven. In the NO data of Blackmore et al.
[34] there is no evidence for rate limitation of NO binding
to cytochrome a, upon photolysis of CO, indicating that at
least for NO the dissociation of L is not rate limiting. The
observed rate was found to be proportional to NO concen-
tration up to 1 mM NO, giving a second-order rate con-
stant of ~1-10% M~ !'s™!. However, these results do not
rule out that NO may bind to Cug prior to cytochrome a,
but could simply indicate that the binding constant for the
Cup-NO complex (K, in Scheme 1) is very small and that
saturation is only achieved at much higher NO concentra-
tion (in the case of CO, saturation is observed at [CO] > 1
mM [15]). A low Cup-NO binding constant is supported
by cryogenic measurements which have shown that the
fully reduced NO complex is irreversibly photodissociated
at temperatures below 5 K, presumably due to its binding
to Cup, [168,169]. This temperature is considerably lower
than the value of 160 K at which CO starts to recombine
with cytochrome a3* [15,156].

Studies of the photodissociation and rebinding dynam-
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ics of the fully reduced cyanide complex have been ham-
pered by the low apparent quantum yield. Following pho-
tolysis of the fully reduced CN complex, CN recombines
with a bimolecular binding constant of 235 M~ ! s~ ! [154]
in agreement with a value obtained from stopped-flow
studies [170]. The difference between the quantum yields
of the fully reduced CO and CN complexes may due to
two binding sites for CN in the fully reduced enzyme, one
on cytochrome a, and the other on Cug, as previous
infrared spectroscopic results have suggested [171]. There-
fore, upon photolysis of CN from cytochrome a;, CN may
recombine with ferrocytochrome a, in a geminate reaction
because it cannot bind to Cup. Time-resolved optical
absorption studies of the photodissociation and recombina-
tion dynamics of CN on picosecond or early nanosecond
time-scales should be able to determine whether this is the
case.

5. Electron transfer pathways and kinetics

Numerous Kinetic experiments on cytochrome oxidase
have been aimed at determining which redox center —
cytochrome a or Cu, — is the primary acceptor of elec-
trons from cytochrome c¢ in vivo. The elucidation of the
electron transfer pathway(s) from cytochrome ¢ to the
dioxygen site is clearly relevant to mechanisms by which
these processes may be coupled to proton pumping. Two
types of experiment have been used to investigate the
turnover cycle of the enzyme, steady-state and transient
kinetic experiments. The former will not be covered in
detail here, but readers are referred to a review article by
Cooper [172].

Steady-state measurements. Steady-state measurements
show nonhyperbolic kinetics of the oxidation of cy-
tochrome c. The biphasic kinetics were initially suggested
to arise from two catalytic binding sites for cytochrome ¢
[173]. More recently, Malmstrom and coworkers [174,175]
postulated that the two phases arise from two enzyme
conformations, E, and E,, both of which can accept
electrons, but only E, has the ability to pump protons.
Stopped-flow measurements of the reduction of cy-
tochrome @ and Cu, by cytochrome ¢ also show biphasic
kinetics, with the data suggesting that cytochrome a and
Cu, become reduced simultaneously, in two different
phases [176,177], or that Cu, may lag slightly behind
[178]. However, the stopped-flow measurements of the
electron input are limited by the cytochrome ¢ binding
rate, which has been estimated between 10° and 3 - 107
M~ !'s™! [176-178]. To circumvent this rate limitation,
new techniques have recently been developed to measure
intra-complex electron transfer rates (see below).

While most of the early steady-state and stopped-flow
experiments favored cytochrome a over Cu, as the pri-
mary acceptor of electrons from cytochrome ¢ in vivo (see
review by Brunori et al. [68]), recent transient kinetic

studies suggest the opposite. These conclusions are based
on three different approaches: (1) flow-flash experiments
of the reaction of the electrostatic cytochrome c-cyto-
chrome ¢ oxidase complex with O, under single turnover
conditions [16,32,179], (2) transient optical absorption
studies in which the apparent rates of reverse electron
transfer from the binuclear center to the oxidized low-
potential centers, cytochrome a and Cu,, are measured
following photodissociation of the mixed-valence CO com-
plex [101,102,119,180-185], and (3) transient optical ab-
sorption measurements in which cytochrome ¢ is reduced
in situ by photochemically activated compounds {186—190],
or alternatively, where the photoactivated system itself
serves as the electron donor [191,192). Structural data also
support the idea that Cu, is the primary acceptor of
electrons from cytochrome ¢ [152,193].

Flow-flash studies of the cytochrome c-cytochrome oxi-
dase complex. Single turnover flow-flash transient optical
absorption studies of the reaction of the electrostatic cy-
tochrome c-cytochrome oxidase complex with oxygen in-
dicate that the time-course for the oxidation of cytochrome
¢ is very similar to that of Cu,, in the absence of
cytochrome c¢, suggesting that Cu, is the initial electron
acceptor from cytochrome c¢ [16,32,179). Hill [16] has
recently modeled the sequence of the electron transfer
reactions of the reduced cytochrome oxidase with oxygen
in the presence and absence of bound cytochrome ¢ and
extracted the microscopic rate constants for each step. The
forward rate constant of electron transfer between cy-
tochrome ¢ and Cu, was estimated to be ~1-10° s™'
[16,32]. This process was followed by electron transfer
from Cu, to cytochrome a with a forward rate constant of
7000 s~

Photodissociation of the mixed-valence CO complex.
Photodissociation of CO bound to the mixed valence en-
zyme lowers the apparent reduction potential of the binu-
clear site, causing a reverse flow of electrons (relative to
the physiological pathway) from the binuclear center to
cytochrome @ and Cu, [101,102,180-185}. Oliveberg and
Malmstrom [184] observed two processes at 445 and 605
nm, with apparent rates of 2-10° s™! and 1.3-10* s7!,
following photolysis of the bovine heart mixed-valence
CO complex. The two phases were attributed to electron
transfer between cytochrome a, and cytochrome a and
between cytochrome a and Cu,, respectively. Verkhovsky
et al. [101] reached similar conclusions by following the
electron transfer at selected wavelengths in the Soret re-
gion. Electron transfer between the high- and low-spin
hemes has also been observed on a microsecond time-scale
upon photolysis of CO from wild-type cytochrome bo and
cytochrome oo, from E. coli and mutant variants of
cytochrome bo [194,195]. In both cytochrome bo and oo,
the same electron transfer process was also apparently
observed on faster and slower time-scales [194].

We have recently used an optical multichannel spec-
trophotometric analyzer to monitor the intramolecular elec-
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Scheme 2. A proposed mechanism for the intramolecular electron transfer
and conformational events in cytochrome oxidase following photodissoci-
ation of CO bound to the mixed-valence CO-bound enzyme. From Ref.
[119].

tron transfer in bovine heart cytochrome oxidase following
photodissociation of the mixed-valence CO complex
[102,119,185]. This method allows collection of time-re-
solved spectra over a wide spectral range simultaneously
on time-scales of nanoseconds to seconds. The spectra
were analyzed by a global exponential fitting routine com-
bined with a singular value decomposition method. The
results from this analysis are in agreement with those of
Oliveberg and Malmstrom [184] and Verkhovsky et al.
[101], but indicate that in addition to the two electron
transfer steps, a conformational change at cytochrome a,,
similar to that observed in the photolyzed fully reduced
CO complex [12,15,102,119], precedes the electron trans-
fer between the two hemes. This conformational change
may be a prerequisite for the subsequent heme—heme
electron transfer as suggested previously by Brzezinski and
Malmstrom [182]. Our results also indicate a millisecond
process, which could reflect intramolecular electron frans-
fer between the two hemes [119] as suggested recently by
Hallén et al. [40]. These results are summarized in Scheme
2 with the respective microscopic rate constants listed in
Table 1 [102,119]. From Scheme 2 and the microscopic
rate constants, the time dependence of the populations of
the intermediates during the photodissociation was deter-
mined [102]. These profiles indicate that ~ 12% of cy-
tochrome a, becomes oxidized upon photolysis of the

mixed-valence CO complex. Based on the mechanism in
Scheme 2, the absorption spectra of the intermediates
involved in the electron transfer dynamics of the mixed-va-
lence enzyme were determined [102,119). These spectra
are in good agreement with calculated spectra of the
intermediates in Scheme 2 (obtained from appropriate
linear combinations of ground state spectra of oxidized,
fully reduced, mixed-valence CO and fully reduced CO
complexes) except in the spectral region between 480-550
nm. A comparison of the experimental spectrum of inter-
mediate 3 (a3* Cuy a®' Cui") and the corresponding
calculated spectrum (a3* Cu%’ a** Cu}) allowed extrac-
tion of the absorbance spectrum of Cui’ in the 480-550
nm region [119]. These results are in agreement with
low-temperature MCD studies which have shown that Cu,
has an absorbance in this region [120-123]. As mentioned
earlier, the visible absorption spectra of the engineered
Cu, mutant of subunit II of cytochrome o from E. coli
and the Cu, domains of cytochrome oxidase from Para-
coccus and Bacillus subtilis also show an absorbance
between 480—550 nm [88—91].

As pointed out by Verkhovsky et al. [101], the data for
the mixed-valence CO complex do not establish whether
cytochrome a; or Cuy is the initial electron donor to
cytochrome a. An equally valid alternative to Scheme 2
would involve a conformational change at cytochrome a,,
subsequent electron transfer from Cuy to cytochrome a,
followed by much faster electron transfer from cytochrome
a, to Cuy, in favor of the oxidized cytochrome a4 [101,102].
In a previous study, we suggested that the conformational
change at cytochrome a, was followed by electron transfer
from Cuy to cytochrome a [185]. However, in view of
recent biochemical and spectroscopic studies on mutants of
the bacterial oxidases, cytochrome bo from E. coli and
cytochrome aa, from Rhodobacter sphaeroides, which
have indicated that cytochrome «; is situated between Cuy
and cytochrome g [24,27), it would appear more likely that
cytochrome a, is the electron donor to cytochrome a as
indicated in Scheme 2. This is supported by CO flash
photolysis studies of a partially reduced CO complex of a
His333Leu mutant of cytochrome bo from E. coli lacking
Cug, which showed electron transfer on a microsecond
time-scale, presumably between the two hemes [195].

Assuming an electron path through the medium,
Verkhovsky et al. [101] used the equations of Moser et al.
[196,197] to calculate an edge-to-edge distance of 10-12 A
between the two hemes. Similarly, assuming a driving
force of 15 mV between cytochrome a and Cu,, a dis-
tance of 13-15 A between those two redox centers was
obtained [102]. These distances are in good agreement with
previous spectroscopic measurements [97-100]. The short
distance between the two hemes is consistent with recent
site-directed mutagenesis studies of the bacterial oxidases,
which indicated that cytochrome a, and cytochrome a are
on opposite sides of helix X, separated by a single residue
[24,27].
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Photoactivatable compounds as electron donors. The
intramolecular electron transfer in cytochrome oxidase has
also been investigated with photoactivatable compounds as
electron donors to the enzyme [191,192]. In experiments in
which a 1-methylnicotinamide (MNA) radical generated
by pulse radiolysis [191] or a photoactivatable tris(2,2'-bi-
pyridyDruthenium (I) complex [192] were used as an
electron source, Cu, was found to be the primary electron
acceptor. The apparent rate constant of ~2-10* s~ for
the electron transfer between Cu, and cytochrome a is
similar to the value obtained following photodissociation
of the mixed-valence CO complex.

The electron transfer from cytochrome ¢ to cytochrome
oxidase has been investigated by transient optical absorp-
tion spectroscopy using photogenerated semiquinone of
5-deazariboflavin [186,187] or a photosensitized uropor-
phyrin/NADH system [188,189] as the electron source.
Most of these studies suggested a role for Cu, in the
primary input of electrons from cytochrome ¢, although
the possibility of two pathways was not ruled out
[186,187,189). Nicholls and coworkers [198] pointed out
that, although Cu, is probably the physiological acceptor
of electrons from cytochrome ¢, Cu, may not be the
electron acceptor for all reductants, such as TMPD and
DMPT. Most recently, Pan et al. [190] investigated the
electron transfer between cytochrome oxidase and several
derivatives of cytochrome ¢ labeled at specific lysines
with tris(bipyridine)ruthenium(I). In these experiments,
the cytochrome ¢ is reduced in situ via excited state
quenching of Ru(Il)* by ferricytochrome c. These studies
also support Cu, as the primary electron acceptor from

cytochrome c¢. The rate constants for electron transfer
between cytochrome ¢ and Cu, varied from 10°-10° s7!
for cytochrome ¢ modified close to or remote from the
heme crevice, respectively. The upper value is similar to
that reported by Hill [16,32]. The accumulating evidence
that Cu, is the acceptor of electrons from cytochrome ¢
does not seem surprising considering that Cu, is located in
subunit T1 [88~91], which also appears to be the binding
site of cytochrome ¢ [193,199]. Therefore, Cu, is appro-
priately located to act as the acceptor of electrons from
cytochrome ¢ and donate them to cytochrome a.

6. The dioxygen reduction reaction

The reactions of partially or fully reduced unliganded
cytochrome oxidase with dioxygen are so fast that studies
by conventional stopped-flow are impractical. However,
the combination of the flow-flash technique [28,29] with
low-temperature optical [42,43] and EPR trapping mea-
surements [45-47], room temperature TROA measure-
ments [10,13,16,17,30,31,33,34,200,201] and TR®> mea-
surements [11,14,48-52], have allowed us to investigate
the O, reactions in considerable detail. Experiments in
which the O, reduction is partially reversed at a high
electrochemical potential gradient have provided additional
information regarding the possible nature of the transient
oxygen intermediates [202,203]. More recently, the pH and
D,0 dependence of proton uptake and electron transfers
during the reaction between fully reduced cytochrome
oxidase and oxygen were studied using the flow-flash

HB .
3§L0§0 Cug
al+ Cux

Scheme 3. A proposed mechanism for dioxygen activation and reduction by cytochrome oxidase (see text for details)
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method [35,36]. A reaction mechanism of the dioxygen
reduction at the cytochrome a,/Cuy site is summarized in
Scheme 3 and will be discussed in detail below, together
with the respective rate constants. It should be noted that
in many previous experiments, the microscopic rate con-
stants were represented by the apparent rate constants
since the steps were considered unidirectional. However,
recent experiments suggest that reversible steps occur at
least in the early part of the reaction [16,17,33].

The first step in Scheme 3 (1 « 2) showing O, binding
to Cuj is supported by several observations. The recent
finding that CO binds to Cuj, on its route to cytochrome
a, [12,15] suggests that O, may follow the same pathway.
As early as 1967 Greenwood and Gibson [29] observed
that the rapid phase of the flow-flash reaction of the fully
reduced cytochrome oxidase with oxygen showed little
wavelength dependence and saturated at high oxygen con-
centration, suggesting a rate-limiting step for O, binding to
the ferrous cytochrome a;. These observations were subse-
quently confirmed by others [30,31,33], most recently by
elegant double-flash experiments of Blackmore et al. [34],
which suggested that the intermediate might represent O,
binding to Cuj. Simulation of their data gave rate con-
stants of 3.5-10% M~'s™! and 5-10* s™! for k,, and
k_,, respectively. Oliveberg and Malmstrom [13] reported
absorbance changes at 830 nm, with an apparent rate of
1-10® M~ 's~!, which they attributed to O, binding to
Cuj. Recent analysis by Verkhovsky et al. [17] of the
early steps in the reaction of oxygen with the fully reduced
cytochrome oxidase also indicated that O, may bind to
Cuy, prior to binding to cytochrome a,. However, the low
occupancy of this intermediate precluded its observation in
the optical spectra. The dissociation constant of the Cuy-O,
complex, K, =k_, /k,,, was estimated between 1.5 and 8
mM [17]. The lower value is similar to the value previ-
ously reported by Orii [33], but an order of magnitude
higher than that reported by Blackmore et al. [34]. The
upper limit of 8 mM is the same as the dissociation
constant of the Cuj-CO complex (1/K, in Table 1)
[15,55,102].

The binding of O, to Cuy is followed by the first-order
transfer of O, to cytochrome a, (Scheme 3, 2 <> 3). The
presence of the cytochrome a3*-O, complex has been
reported by low-temperature triple trapping experiments
[42,43], room temperature TROA [16,17,33,34,200] and
TR? experiments [48,50,51,204]. Orii reported O, on and
off rates of 9.9-10% s~ and 5.4-10° s, respectively
[33]. The resulting dissociation constant, K, =k _,/k_,,
is similar to the lower estimate of 0.04 reported by
Verkhovsky et al. [17].

In the model of Babcock and Wikstrém [5] and Varotsis
et al. [14], the formation of the cytochrome a;-O, complex
is followed by the production of an apparent peroxy
compound (Scheme 3, 3 < 4) with electron redistribution
at the binuclear center [5]. Intermediate 4, in which both
cytochrome a and Cu, are reduced, has not been observed

in flow-flash-based EPR, TROA and TR? studies of the
reaction of the fully reduced enzyme with dioxygen and
whether it is a true intermediate under turnover conditions
remains an open question [5]. In the model of Verkhovsky
et al. [17], a peroxy or superoxy intermediate (P/S),
equivalent to intermediate 4, was proposed to follow the
formation of intermediate 3. The dissociation constant of
this step, K; =k_,/k;, was between 3.8 and 4.8. This
intermediate is purely hypothetical and its low occupancy
would explain why it is not observed in the optical and
resonance Raman experiments [17]. However, in the ab-
sence of electron input from the low-potential metals,
cytochrome a and Cu,, as occurs in the reaction of the
mixed-valence enzyme with oxygen, a compound is formed
that has a maximum at 607 nm [31,42]. A similar species
is produced when hydrogen peroxide reacts with the rest-
ing or pulsed enzyme [205]. A species that is two equiva-
lents more oxidized than the oxidized resting enzyme, with
a maximum at 607 nm (peroxy or P form), is also readily
observed during reversal of the O, reduction reaction
[202,203]. It should be emphasized that the details of the
structure of these compounds and that of intermediate 4
and intermediate 5 discussed below are not known, i.e.,
whether they are an actual peroxy species as indicated in
Scheme 3 or a oxyferryl species with an oxidizing equiva-
lent elsewhere in the molecule, either on the porphyrin or
on a neighboring amino acid residue. Recent studies by
Cheesman et al. [206] have provided evidence for an
oxyferryl heme o when the fast form of cytochrome bo
reacts with hydrogen peroxide. However, there was no
evidence for a heme m-cation radical. The oxyferryl heme
o derivative is spectroscopically identical to the product of
reacting two-electron reduced cytochrome bo with oxy-
gen, which for the bovine heart enzyme leads to the P
form. This suggests that the P form may contain ferryl
cytochrome a, [206].

The existence of the peroxy form is central to the
question of which form of cytochrome oxidase — the
mixed-valence or the fully reduced enzyme — is present
under turnover conditions. This question is important be-
cause the efficiency of proton pumping is likely to depend
on the nature of the oxygen reacting species [207,208].
While most of the steady-state measurements of the redox
behavior of cytochrome ¢, cytochrome a and Cu, in
cytochrome oxidase under turnover conditions indicate that
cytochrome a remains significantly more reduced than
Cu, [175,209,210], recent studies by Morgan and
Wikstrom [211] suggest the opposite. Based in part on
these results, Babcock and Wikstrém [5] postulated that the
mixed-valence cytochrome oxidase is the form that reacts
with O, under turnover conditions, as previously suggested
by Clore et al. [43]. They argued that the formation of the
peroxy compound and the rapid oxidation of cytochrome a
is a short-circuit reaction unique to the fully reduced
enzyme, and postulated that this premature reduction of the
binuclear center corresponds to a slip in the proton pump-
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ing cycle [5]. Nilsson and coworkers used similar argu-
ments to explain why the H* /e stoichiometry is signifi-
cantly less than 1 when the proton pumping in the fully
reduced cytochrome oxidase is measured by the flow-flash
technique [35,212].

The results of Morgan and Wikstrom were recently
challenged by Brunori and coworkers [207] who used
multichannel transient optical absorption spectroscopy and
singular value decomposition analysis to study the steady-
state reduction levels of cytochrome @ and cytochrome ¢
in respiring rat heart myocytes. Under conditions in which
the absorbance contribution of TMPD* was very small
(the major source of possible error in previous experi-
ments), the steady-state levels of cytochrome ¢ and cy-
tochrome a were found to be comparable at all times,
suggesting that the mixed-valence enzyme is not the major
oxygen binding species in oxidase unless electron donation
to cytochrome ¢ becomes rate limiting. An alternative
mechanism, in which the three electron reduced cy-
tochrome oxidase (a3* Cuj a** Cui") reacts with O,
under turnover conditions, has also been proposed [208].

In most models the decay of the primary oxygen com-
pound (or peroxy compound if it exists) is accompanied by
the oxidation of cytochrome a (Scheme 3, 4 < 5) [30,213].
The resulting peroxy complex (Scheme 3, intermediate 5)
has not been observed in time-resolved resonance Raman
measurements, but was included in the recent model of
Verkhovsky et al. [17]. In this model, the forward rate of
electron transfer from cytochrome a to cytochrome a,
(k,,) was assumed to be the same as that observed
following photolysis of CO from the mixed-valence CO
compound or 2.4 - 10° s~' [101]. The much slower appar-
ent rate of the inter-heme electron transfer in the flow-flash
experiments (~ 3-10* s ! at ~ 1 mM O,) was attributed
to the low occupancy of intermediate 4 discussed above
[17]. In the model of Hill, steps 3« 4 and 4 — 5 are
proposed to occur as an irreversible concerted two-electron
step with a rate constant of 6 - 10* s~ ! [16]. This type of
mechanism also fitted the flow-flash data of the Cu,-lack-
ing aa,-600 oxidase of Bacillus subtilis [214].

A resonance Raman stretching frequency at 358 cm™
appearing on a ~1-10* s™! (k,) time-scale has been
attributed to the subsequent formation of a three-electron
reduced protonated peroxy compound (Scheme 3, 5 — 6)
[14], which is consistent with the uptake of the first proton
from solution on this time-scale [35,36]. In the model of
Babcock and Wikstrdm [5], this process is followed by
electron transfer from Cuy to the ferric peroxide to form a
ferrous-cupric peroxide which has been reported at low
temperature [46] (Scheme 3, 6 « 7). Electron transfer from
Cu, to cytochrome a occurs on the same time-scale [10],
consistent with results obtained upon photolysis of the
mixed-valence CO complex [101,102,119,184]. Hill re-
ported microscopic rate constants of 7- 10 s~! and 4 - 10°
s~! for k, and k_, respectively [16]. The oxidation of
Cuyp may trigger this step by causing cytochrome a to go

i

from a low-potential to a high-potential state due to antico-
operative interactions between cytochrome a and Cug
[13,215]. This step is followed by the cleavage of the O-O
bond to form a ferryl intermediate (Scheme 3, 7 — 8). This
step and subsequent steps are shown as unidirectional,
where the apparent rate constants are equal to the micro-
scopic rate constants.

The formation of the ferryl compound (Fe' =0)
(Scheme 3, 7 — 8) has been proposed to occur with an
apparent rate constant of ~ 7-10° s™' [14,30]. The step
may be rate-limited by proton uptake from the medium
[36]. This is supported by recent studies of cytochrome
aa,-600 quinol-oxidase from Bacillus subtilis, which indi-
cate that the transfer of the third electron to the binuclear
center is accompanied by a proton uptake which must
occur before the O—0 bond is broken [216]. A resonance
mode at 786 cm ™' in the TR® spectra of the beef heart
enzyme was assigned to the Fe'V¥ = O intermediate
[11,49,217]. The ferryl complex has been observed follow-
ing one electron oxidation of the binuclear center in re-
versed O,-reduction experiments [202,203). The complex
exhibits a peak at 580 nm in the optical difference spec-
trum (ferryl minus resting) and is identical to the oxyferryl
species generated by Chan and coworkers at the three
electron level of reduction [218]. Recent studies of the
Cu,-lacking cytochrome aa;-600 quinol oxidase from
Bacillus subtilis strongly support the involvement of dis-
crete ‘peroxy’ (P) and ferryl intermediates in the catalytic
cycle, providing further evidence that the dioxygen reduc-
tion cycle mechanism at the binuclear center is similar in
the quinol and the cytochrome ¢ oxidases [216].

Ogura et al. [52] recently showed that the 786 cm™'
resonance Raman band is a composite of two peaks with
maxima at 785 cm ™! and 804 cm ™!, which they assigned
to a hydroperoxy and a ferryl intermediate, respectively.
However, recent mixed-isotope “0®0 TR? experiments
{14] have indicated that the 785 cm ™' band cannot be due
to a peroxy complex. Therefore, the two bands may reflect
the ferryl complex and a corresponding hydrogen-bonded
form.

Further reduction by one electron (presumably from
cytochrome a via Cu,) and uptake of a proton [36] leads
to the decay of the ferryl compound and the formation of a
new intermediate with a resonance Raman line at 450
cm ', assigned to a ferric hydroxide, Fe’*-OH [11]
(Scheme 3, 8 — 9). The rate constant for this step, k, g, is
~ 800-1000 s~ ! [10,16,36]. This phase shows a marked
pH dependence and D,O isotope effect and has been
suggested to be rate-limited by proton uptake from the
medium [36]. Further addition of an additional proton
completes the dioxygen reduction cycle with the release of
two water molecules.

As discussed above, each of several reactions — oxygen
binding, electron and hydrogen transfer to oxygen, cleav-
age of the O—O bond, and release of two water molecules
- must be carried out rapidly for an efficient O, reduction
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to take place. Therefore, models of the active site of
cytochrome oxidase must accommodate conversion of
dioxygen to water along a low-energy pathway. An oxygen
reduction and binding site with limited conformational
flexibility and well secluded from the aqueous environ-
ment is consistent with FTIR measurements [161,163,164].
This suggests that protein residues immediately adjacent to
the bound O, may serve as hydrogen donors. These could
include the ligands to the binuclear reaction center or other
residues close to the bound O, [36,37,164]. Flow-flash
studies of pH and D,0 dependence of proton uptake and
electron transfer during the reaction of fully reduced cy-
tochrome oxidase with oxygen have indicated that proton
transfer reactions are the rate limiting steps in the dioxy-
gen reduction reaction [35,36]. These studies suggest that
two protonatable groups are involved, one in close proxim-
ity to the bimetallic site and the other mediating proton
transfer from the bulk medium into the dioxygen binding
and reduction site [36]. Hallén et al. [40] have provided
evidence for a protonatable group at the binuclear site,
possibly in equilibrium with the solvent via a proton
channel. Recent results by Mitchell and Rich [41] of the
proton uptake by cytochrome ¢ oxidase, suggested a prin-
ciple of electroneutrality of redox and ligand state changes
of the binuclear center, with charge compensations pro-
vided by protonation reactions. The effects of D,O and pH
on cytochrome oxidase activity also support the involve-
ment of protons in the rate-limiting step(s) in the reduction
of O, to water [164]. Possible proton donors include
conserved serine, threonine and lysine residues in helix
VIII [219], glutamic and tyrosine residues in helix VI, and
certain aspartate residues in the vicinity of the binuclear
center [5,6,36]. These residues could also have a role in the
proton pumping function. Recent site-directed mutagenesis
studies of cytochrome bo from E. coli have indicated that
an aspartate residue in subunit I may play an important
role in the function of the proton pump {220]. Bound water
has also been suggested as a possible proton donor [221].
Based on current genetic and biophysical data, Brown et
al. [6] have recently proposed a structural model for sub-
unit I that brings several protonatable residues into the
vicinity of the binuclear center, thereby providing proton
channels to the aqueous phases.

7. Proton pumping

The mechanism of the redox-linked proton pump has
remained elusive since the discovery of the proton translo-
cation function of cytochrome oxidase by Wikstrom in
1977 [65]. These studies, which were carried out on liver
mitochondria, and subsequent studies on reconstituted en-
zyme in phospholipid vesicles [222—224], showed that for
each O, molecule reduced, cytochrome oxidase translo-
cates four protons from the inside to the outside using the
free energy of the electron transfer reactions as the driving

force. Proton translocation may be direct, in which the
ligands to one or more of the redox centers provide the
protons, or indirect, in which the oxidation and reduction
reactions cause conformational changes that are transmit-
ted to proton donating groups remote from the redox
centers. Both of these mechanisms require the existence of
distinct states of the proton translocating element, proto-
nated and deprotonated, as well as distinct states of the
redox center(s), reduced and oxidized. The principles and
basic requirements for a redox-linked proton pump have
been reviewed in detail elsewhere and will not be dis-
cussed here [1,223,225]. In addition, both the direct and
indirect coupling mechanisms must include an H* /e~
pump stoichiometry of zero for the first two electrons
transferred to the binuclear center, and a stoichiometry of 2
for the last two electron transfer steps, peroxy to ferryl and
ferryl to the fully oxidized state [226].

Transient kinetics of proton pumping. Nilsson and
coworkers [35,212] recently measured the rate of proton
release during flash-induced oxidation of cytochrome oxi-
dase reconstituted into phospholipid vesicles. The pH
changes in the extravesicular medium were detected by
phenol red. Proton release was found to occur syn-
chronously with the final step in the oxidation reaction, in
agreement with earlier results [226]. The rate constant of
900 s~! observed for this step must be taken as a lower
limit for the release of the protons from the enzyme, since
the rate of proton release at the protein surface would be
expected to be faster than the rate measured by uptake of
protons by the indicator dye in the medium [227]. The total
number of protons released during the reoxidation of the
enzyme was in the range of 1 to 2 (instead of the expected
value of four), and no proton release was observed in the
other proton pumping step, the conversion of the peroxide
to the ferryl ion intermediate [212]. The discrepancy be-
tween the measured and the expected value was attributed
to a slipping reaction in the fully reduced enzyme, as
proposed by other groups [5,7,35,188]. Analogous studies
with the mixed-valence enzyme showed no translocated
protons [35].

Postulated models. Earlier models of the redox-linked
proton translocation favored either cytochrome a
(Babcock’s model) [228] or Cu, (Chan’s model) [2,229-
231] as the site of the redox-linked proton pump. Proposals
favoring the binuclear center as the site of energy transduc-
tion were also put forward [59,232]. The models of Mitchell
and coworkers are based on a direct coupling mechanism
[59,232,233] (see discussion on the definition of the terms
redox loop and proton pump in Refs. [59,234]). In the
latest model [59], the Cuy center is proposed to act as the
hydrogen translocator with changes in ligand geometry
around the redox center providing the necessary switch
between an input and an output state.

In 1989, Wikstrom showed that only the last two elec-
tron-transfer steps — peroxy to ferryl and ferryl to the fully
oxidized enzyme — translocate protons, two protons in
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each step [226]. As a result, newer models favor the
binuclear center as the site of the redox-linked proton
translocation. Arguments against either the formyl group
of cytochrome a (Babcock’s model) or Cu , (Chan’s model)
being the site of the redox-linked proton pump are based
on the observation that the quinol oxidase, cytochrome bo
from E. coli, which contains neither Cu, nor the formyl
group of heme A, also pumps protons [235]. The structural
homology between the two types of oxidase suggests that
proton translocation occurs by the same or similar mecha-
nism in the quinol and cytochrome ¢ oxidases (however,
see Musser et al. [236,237]).

Taking into account the biphasic steady-state kinetics of
cytochrome oxidase, Malmstrom and coworkers proposed
an indirect mechanism for proton translocation involving
two conformations of the enzyme, E, and E, [3,174]. They
postulated that the enzyme switches between the non-pro-
ton pumping conformation, E,, and the proton pumping
conformation, E,, only when cytochrome a and Cu, are
reduced, and suggested that this conformational switching
is the rate-limiting step in the electron transfer to the
binuclear center. The first two internal electron transfers
were proposed to be uncoupled from the proton pumping
with the third and the fourth electron transferred through
Cu,. A branched pathway has also been proposed by
Malatesta et al. [60]. In this model, two conformations, P
(pumping) and S (slipping), are characterized by different
internal electron transfer pathways, through Cu, and cy-
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tochrome a, respectively. The conformations are in equi-
librium which is controlled by the membrane potential.

Woodruff and coworkers recently outlined a mechanism
in which labile coordination chemistry at the binuclear
center of cytochrome oxidase (‘ligand shuttling’) may play
a role in the redox-linked proton translocation [8,12,55]
(Scheme 4). A redox-dependent ligand switching was orig-
inally proposed by Chan and coworkers for Cu, [229-231].
In Scheme 4 the shuttling ligand L has a labile proton.
Upon binding of a ligand X, such as CO or O,, to Cug
(1 - 2), ligand L is transferred from Cuy to cytochrome
a, with a loss of a proton (2 — 3). Subsequently, a protein
conformational change occurs which prevents proton ex-
change with the surroundings. The proximal histidine then
reprotonates ligand L, which now has dissociated from the
heme (3 — 4), through a hydrogen-bonded pathway. In the
next step, communication of the proton with the surround-
ings is reestablished and the proximal histidine is reproto-
nated using a different pathway (4 — 5). A variation of
this model was proposed by Rousseau and coworkers [61]
in which the proximal ligand on cytochrome a, exchanges
between a histidine and a tyrosine during concurrent proto-
nation and deprotonation reactions.

Babcock and Wikstrom [5] recently presented a mecha-
nism in which the reduction/oxidation cycles of Cug
during catalysis are linked in a controlled manner to the
input /output state of a proton-binding site(s), whose na-
ture is unknown. They suggest that electron transfer from
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Scheme 4. A schematic representation of proton translocation based on the ligand shuttle reactions proposed by Woodruff et al. [12]. Adapted from Ref.

[8].
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Scheme 5. A reaction cycle for cytochrome oxidase as a redox-linked proton pump, in which Cug is assumed to control the input-output transitions. The
circles in the boxes represent the four redox centers, from left to right, cytochrome a,, Cup, cytochrome a, and Cu,. An open circle represents an
oxidized center and a filled one a reduced center. The square boxes represent the input states and the ellipsoids the output states. Adapted from Ref. [7].

Cugp to the heme-oxygen system, and the subsequent
chemistry of the latter, provide the major driving force for
proton pumping. The high potential of the peroxy and the
ferryl intermediates makes them efficient acceptors of
electrons from Cuy [203]. Malmstrom and coworkers have
also proposed a mechanism in which the reduction state of
Cug is assumed to control the transitions between the
input and output states [7,13]. This model is depicted in
Scheme 5. In both models, the observed redox interactions
between the metal sites [1,238] are an integral part of the

pump.

8. Conclusions and future directions

Our understanding of the complex chemistry involved
in the reduction of dioxygen to water by cytochrome
oxidase has expanded greatly in the last decade, mostly
due to fast spectroscopic devices that have allowed us to
probe the details of this reaction. There now seems to be
ample spectroscopic evidence to indicate that Cu, is the
primary acceptor of electrons from cytochrome ¢ under
turnover conditions and that cytochrome a is the donor of
electrons to cytochrome a, which is in fast equilibrium
with Cug. This pathway of electron transfer is supported
by site-directed mutagenesis and biochemical and spectro-
scopic studies of the bacterial heme-copper oxidases
[24,27].

The mode of oxygen binding in some of the transient
intermediates formed when the fully reduced cytochrome
oxidase reacts with dioxygen has been demonstrated by
TR?. However, the existence and nature of other intermedi-
ates, including the optical absorbance spectra and micro-
scopic rate constants, still remain to be established. One
question centers on whether O, binds to Cuj prior to
binding to cytochrome a,. As discussed above, there is
significant indirect evidence from flow-flash studies, and
more recently, double flow-flash measurements, that this is
the case, but the population of this intermediate may be

very low even at 1 mM oxygen concentration [17]. TROA
measurements carried out at higher oxygen pressure and
on submicrosecond time-scales may help establish the
existence of this intermediate; however, the concentration
of oxygen must not be so high that the dissociation of CO
from Cuy rate-limits the O, binding to Cuy. Additionally,
the O-O stretch of the Cu-O, intermediate might be
observed by flow-flash or double flash TRIR measure-
ments.

TROA experiments at elevated O, concentrations may
also help establish whether a ‘peroxy’ intermediate(s) is
formed following the binding of dioxygen to cytochrome
a,. Scheme 3 includes two such unprotonated species,
intermediates 4 and 5. The former has not been observed
in flow-flash TROA and TR? experiments, presumably due
to its low occupancy. Intermediate 5 has not been observed
in TR® but optical contribution of this intermediate has
been reported [17]. It is possible that the excitation wave-
length used in the TR® experiments is inappropriate for the
observation of this intermediate. The nature of these inter-
mediates i.c., whether they represent an actual peroxy
intermediate as represented by the molecular structures for
intermediates 4 and 5 in Scheme 3, rather than an oxyfer-
ryl compound with a second oxidized equivalent elsewhere
in the molecule, may be resolved by TR® using mixed
oxygen isotopes [14]. MCD and flow-flash TRMCD exper-
iments, in combination with EPR measurements, may also
help resolve this issue.

Another question concerns the oxidation state of the
enzyme that reacts with dioxygen during aerobic turnover
in mitochondria or in plasma membranes of bacteria. It is
unclear whether flow-flash studies of the mixed-valence
CO compound or the fully reduced CO complex better
represent the physiological reduction of dioxygen. How-
ever, this may be moot, because even if the partially
reduced enzyme represents a better model, the flow-flash
experiment may not reflect the reaction under physio-
logical conditions [239]). This is due to different electron
redistribution in the CO-photolyzed mixed-valence enzyme
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compared to the partially reduced enzyme in the absence
of CO. In the two electron reduced enzyme in absence of
CO, the electrons are distributed among all the metal
centers, whereas in the CO-photolyzed initial product the
electrons reside on cytochrome a; and Cuy and may not
have time to redistribute prior to the initial steps in the
dioxygen reduction reaction. The presence of CO itseif
could also lead to different results than would be observed
under physiological conditions because the dissociation of
CO from Cug may rate-limit the O, binding to Cug. At
typical O, concentrations (625 uM to 1 mM), the CO
dissociation from Cu, in the bovine heart cytochrome
oxidase and the Paracoccus enzyme is an order of magni-
tude faster than the O, binding to Cup (assuming the O,
binding has a second-order rate comstant of ~ 1-10%
M™!s™ 1) and therefore does not pose a problem. However,
this might not be the case for other heme-copper oxidases
such as cytochrome bo of E. coli where the dissociation
rate of CO from Cuy is 500 s~ ' [55]. Therefore, alterna-
tives to the flow-flash method are needed to study the
rapid reactions of cytochrome oxidase with dioxygen. One
such alternative involves studying the direct reaction of the
reduced unliganded enzyme with oxygen using superfast
mixing methods. Another novel approach being pursued in
our laboratory uses O, which is produced in situ by
photodissociating synthetic caged dioxygen carriers
(MacArthur et al., unpublished results).

The mechanism by which the redox reaction is coupled
to proton translocation remains unclear. Several models
have been proposed, including ligand exchange at the
binuclear center, but these models are still speculative and
more direct experimental evidence is needed. For instance,
the observation of a cytochrome a,—L stretching vibration
using TR? would support the ligand shuttle concept. Alter-
natively, one could look for vibrations of the shuttling
ligand when it is bound to cytochrome a, or Cu, using
FTIR at lowtemperature or TRIR at room temperature. A
combination of these techniques with site-directed mutage-
nesis of the bacterial heme-copper oxidases and selective
isotope labeling of the potential candidates for the shut-
tling ligand, could allow assignment of specific bands to a
particular amino acid residue. Such studies have been very
useful in determining the role of individual amino acids in
the protonation reactions of bacteriorhodopsin [240]. They
should also be able to give important insights into which
amino acids residues are involved in protonation /deproto-
nation reactions during the dioxygen reduction and proton
pumping cycles in the heme-copper oxidases. These stud-
ies assume a priori that the proton translocation mecha-
nisms of the quinol and cytochrome ¢ oxidases are the
same. Based on the extensive similarities in structure and
ligand binding and electron transfer properties among the
two groups of oxidases, this assumption appears valid.

To understand how electron transfer is coupled to pro-
ton pumping, simultaneous time-resolved measurements of
the dioxygen reduction reaction and the proton pumping

are needed. In the two studies to date on this issue, the
flow-flash method in combination with a pH indicator dye
was used to monitor proton translocation during oxidation
of the reduced enzyme reconstituted into phospholipid
vesicles [35,212]. However, as mentioned above, a pH
indicator dye in the aqueous bulk phase monitors proton
transfer from the surface into the medium but not the
appearance of protons at the ejection site of the protein.
Therefore, alternative techniques that probe the kinetics of
proton transfer directly at the protein /water interface, are
needed. Surface-bound indicators may help establish the
kinetics of proton pumping in cytochrome oxidase and
allow correlation of the redox cycle to the pump cycle, as
in the case of the photocycle and proton pumping cycle in
bacteriorhodopsin [227].
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